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Spatial modulation spectroscopy for imaging and
quantitative analysis of single dye-doped organic
nanoparticles inside cells†
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Bradley D. Smith and Gregory V. Hartland*
Imaging of non-ﬂuorescent nanoparticles in complex biological environments, such as the cell cytosol, is
a challenging problem. For metal nanoparticles, Rayleigh scattering methods can be used, but for organic
nanoparticles, such as dye-doped polymer beads or lipid nanoparticles, light scattering does not provide
good contrast. In this paper, spatial modulation spectroscopy (SMS) is used to image single organic nanoparticles doped with non-ﬂuorescent, near-IR croconaine dye. SMS is a quantitative imaging technique
that yields the absolute extinction cross-section of the nanoparticles, which can be used to determine
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the number of dye molecules per particle. SMS images were recorded for particles within EMT-6 breast
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cancer cells. The measurements allowed mapping of the nanoparticle location and the amount of dye in
a single cell. The results demonstrate how SMS can facilitate eﬀorts to optimize dye-doped nanoparticles
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for eﬀective photothermal therapy of cancer.

Introduction
Cell imaging at high spatial resolution is important for understanding biological function,1–4 and the development of sensitive, high-resolution imaging techniques is at the forefront of
biomedical research.5–12 Typically imaging in cells is done
either using fluorescent tags1–4 or with metal nanoparticles
that eﬃciently scatter light.13–16 However, techniques based on
fluorescence or light scattering do not work well in the nearIR, which is an important spectral region for in vivo
experiments.17–19 This is because of the poor sensitivity of
CCD and PMT detectors in the near-IR region, and the typical
low quantum yields of near-IR emitting dyes.20,21 In contrast,
imaging techniques that detect nanoparticles through their
absorption or extinction, such as photothermal heterodyne
imaging (PHI)22–26 and spatial modulation spectroscopy
(SMS),27,28 do not rely on high sensitivity detectors. These techniques can be readily used to study nanomaterials that absorb
in the near-IR region.29–32 In addition to improved near-IR sen-
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sitivity, absorption measurements perform better for small
nanoscale objects compared to scattering measurements
because of the way scattering scales with volume.22,33 Of these
two techniques, PHI is the more sensitive.25 However, SMS has
an advantage in that it directly provides quantitative information about the extinction cross-section of the nanoparticle.
For metal nanoparticles this allows the size of the particle to
be determined, which is very useful for spectroscopic
studies.34,35
A class of near-IR absorbing materials that has recently
gained considerable attention for photothermal therapy applications are dye-doped hybrid lipid-polymer nanoparticles
(LPNPs).36–42 These materials comprise a polymeric core
coated with a layer of phospholipid, with a suitable organic
dye incorporated into the hydrophobic core. In our experiments the core is doped with a croconaine dye, and we have
shown that croconaine-doped LPNPs have a similar absorption
cross-section in the near-IR to the gold nanostructures that are
typically used in photothermal therapy.42–45 Their intense
near-IR absorption, low fluorescence quantum yield, and
resistance to photobleaching combine to make croconaine
dyes a promising system for eﬃcient photothermal treatment
of cancer cells.46,47 An important step in advancing the use of
dye-doped organic nanoparticles for photothermal therapy is
to optimize the dye loading and intracellular delivery.
However, the lack of fluorescence from the dyes makes it very
diﬃcult to image these particles in biological environments. A
possible solution to this problem is to co-dope the particles
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with two diﬀerent dyes: one to supply the photothermal eﬀect
and another that allows fluorescence imaging. However, this
type of dual modality is diﬃcult to achieve for systems
designed for in vivo imaging, as emission is typically quenched
for a deep-red fluorescent dye molecule in close proximity to a
non-fluorescent near-IR absorbing partner.
In this paper SMS has been used to determine the extinction cross-sections of individual croconaine-doped LPNPs,
which allows us to estimate the number of dye molecules
inside each particle – a parameter that is diﬃcult to determine
using conventional techniques. This approach is similar to
that used in the recent PHI studies of dye nanoparticles
described by Gaiduk and co-workers.48 However, our measurements do not rely on the use of an internal standard to calibrate the signal (e.g., 20 nm gold particles were used in ref.
48). SMS was also used to image dye-doped LPNPs that were
taken up by living cancer cells. The images reveal the intracellular location of the particles and the number of dye molecules incorporated into the cells.49,50 The results establish SMS
as a promising technique for direct and quantitative characterization of non-fluorescent organic nanoparticles inside cells.

Results and discussion
SMS images of croconaine-doped LPNPs, spin coated onto a
microscope coverslip, are presented in Fig. 1. In SMS the
sample is spatially modulated by a few hundred nanometers.27
This causes a modulation in the transmitted or reflected
power of a focused laser beam when it is scanned over a particle, which is monitored by a lock-in amplifier. The signal has
a derivative-type lineshape for detection at the fundamental of
the modulation frequency,27 which is clearly seen in Fig. 1.
Fig. 1(A) shows an image recorded at 785 nm, which is close to
the absorption maximum of the near-IR dye, and Fig. 1(B)
shows an image of the same region of the sample recorded at
637 nm. As expected the amplitude of the SMS signal is significantly reduced at 637 nm, as the croconaine dye has virtually
no absorption at this wavelength (see Fig. 4 below). This also
shows that isolated croconaine-doped LPNPs do not significantly scatter light in these measurements, as scattering
should be more pronounced at 637 nm than at 785 nm. This is
expected as TEM images show that the LPNPs are smaller than
several hundred nanometers (see the ESI†), and therefore
should not scatter light strongly.
We also studied LPNPs that were doped with a mixture of
near-IR croconaine dye and red SRfluor680 dye (which absorbs
at 640 nm). The normally fluorescent SRfluor680 dye was
strongly quenched by energy transfer to the nearby co-encapsulated croconaine. This illustrates the diﬃculty of creating codoped dye organic nanoparticle systems that have photothermal and fluorescence modalities. The absence of any
SRfluor680 fluorescence increase in the samples throughout
the experiments is also good evidence that the particles did
not leak dye. Fig. 1(C) and (D) show SMS images of these
binary dye-doped LPNPs recorded at 785 nm and 637 nm,
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Fig. 1 (A) Contour plot of 1f SMS data recorded at 785 nm for the croconaine-doped LPNPs. (B) The same area as in panel (A) recorded at
637 nm. (C) 1f SMS image of LPNPs doped with croconaine and
SRﬂuor680 dyes recorded at 785 nm. (D) The same area as panel (C)
recorded at 637 nm. (E) A larger area 1f image recorded at 785 nm for
the croconaine only doped LPNPs showing a distribution of signal
strengths (diﬀerent area than panel (A)). The strong signal near the
middle of the image is probably due to several particles aggregated
together. (F) Histogram of the extinction cross-section per particle
determined from the SMS measurements.

respectively. In this case the system has significant absorption
at both wavelengths, and the particles show up with approximately the same signal level in both images (absorption
spectra of the SRfluor680 dye, and the SRfluor680 and croconaine doped LPNPs are given in the ESI†). These images form
a control experiment for the measurements in Fig. 1(A) and
(B), and also show that it is possible to identify diﬀerent types
of dye doped nanoparticles by performing dual wavelength
measurements.
Analysis of the SMS images allows us to determine the
extinction cross-sections of the particles. Specifically, assuming a Gaussian beam shape at the sample, the signal in the
SMS experiments (the relative change in power of the detected
laser beam) for a nanoparticle positioned at (x,y) = (0,0) is
given by27,28,51
ΔP 8 δσ p 2ðx2 þy2 Þ=w0 2
¼
xe
P
π w0 4

ð1Þ

where w0 is the laser spot size at the sample, δ is the modulation amplitude and σp is the extinction cross-section of the
nano-object. Eqn (1) is strictly only applicable to particles
much smaller than the laser spot size,51 which is fulfilled for
the isolated particles in Fig. 1. Given values of w0 = 900 nm
and δ = 500 nm, fitting the experimental data to eqn (1) pro-
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vides the extinction cross-section of the particle. The accuracy
in these measurements is estimated to be 8%, mostly due to
the uncertainty in the laser spot size (±15 nm).
The minimum particle size that can be detected in the SMS
measurements is determined by the background noise, which
arises from several sources. First, material on the substrate can
cause inhomogeneities in the local refractive index, which can
scatter the laser beam. An example of this can be seen in Fig.
1(B), where the data recorded at 637 nm shows a feature in the
bottom right corner that is stronger than in the corresponding
785 nm image in Fig. 1(A). This is opposite to what we expect
based on the absorption spectrum of the dye loaded particles,
and is consistent with the feature arising from scattering (the
scattering cross-section increases with decreasing wavelength).
Noise in the laser source also creates a background signal.
This noise can be reduced by increasing the averaging time in
the experiments, or by using a balanced detector.32 A third
source of noise that can arise in SMS experiments
implemented with GSMs is a background signal from clipping
the beam.51,52 Analysis of our images yields a sensitivity of
800 nm2 for the experiments on the samples spin coated onto
glass coverslips (such as in Fig. 1), and 1000 nm2 for experiments in cells (see Fig. 2 below). In both cases the major contribution to the noise is from refractive index inhomogeneities
in the sample.
Fig. 1(E) shows an image recorded over a wider area (20 ×
20 μm) for the croconaine-doped LPNPs where a number of
particles can be seen. A histogram of the extinction crosssection per particle determined from several such images is
presented in Fig. 1(F). The histogram for this sample is not
symmetrical, and reflects the distribution of sizes in the LPNP
system (larger particles should, on average, have more dye). A
similar non-symmetrical size distribution is present in TEM
images of croconaine doped LPNPs (see the ESI†).

Fig. 2 Wavelength dependent SMS signal images for a single EMT-6
cell. (A) 1f contour plot recorded at 785 nm. (B) 1f contour plot recorded
at 637 nm. (C) Bright ﬁeld image of the cell recorded with a white light
source and a CMOS camera. (D) Histogram of the extinction crosssection per particle from the image in (A).
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For the croconaine-doped LPNPs, the total extinction crosssection can be used to estimate the number of croconaine
molecules per particle (assuming that scattering is not significant at 785 nm) by simply dividing by the extinction crosssection for a single croconaine dye.48 Croconaine dye in solution has a molar absorptivity of 2.7 × 105 M−1 cm−1 at the
absorption maximum.47 This corresponds to an extinction
cross-section of 0.10 nm2 at 785 nm (which is slightly to the
blue of the absorption maximum). However, the dye is strongly
aggregated when it is incorporated into the LPNPs, which
broadens the spectrum.53–55 This can be clearly seen in the
spectra presented in Fig. 4 below. The assignment that the
broadening is due to aggregation was confirmed by adding the
LPNPs to DMSO, which released the dye and eliminated
the aggregation band. To obtain the extinction cross-section of
the aggregated dye, we normalized the absorption spectra by
their area, and multiplied the cross-section for the free dye by
the ratio of the absorbances for the free dye and dye incorporated into the LPNPs at 785 nm. This yields an extinction crosssection for the LPNP dye of 0.028 nm2. The average extinction
cross-section for the croconaine-doped particles is 7040 ±
560 nm2, with a standard deviation of 39%, which implies that
the average number of dye molecules per particle is 250 000 ±
20 000. Note that this analysis assumes that the degree of
dye aggregation is similar for diﬀerent nanoparticles, and
that scattering contributions to the extinction can be
neglected (this second assumption is supported by the data in
Fig. 1). Determining the average number of dye molecules
per particle by conventional measurements is not a trivial
problem for this system, because the number of LPNPs is not
known.
Cell imaging studies examined the uptake of croconainedoped LPNPs after incubation for 24 hours with living EMT-6
breast cancer cells. A single layer of fixed cells was imaged on
a standard coverslip and Fig. 2 shows SMS images of a single
cell containing croconaine-doped LPNPs. Fig. 2(A) and (B) are
cell SMS images recorded at 785 nm and 637 nm, respectively,
and a bright field image of the cell taken using a CMOS
camera is shown in Fig. 2(C). The croconaine-doped LPNPs are
clearly observed in the SMS images, but not the bright field
image. Note that changing the focus of the microscope does
not change the number of particles that appear in the image.
This indicates that the particles are located within a fairly
narrow range of focal planes in these fixed cell samples.
Additional SMS and bright field images of diﬀerent cells are
presented in the ESI.† Fig. 2(D) shows a histogram of the
extinction cross-section per particle determined from the data
in Fig. 2(A). The total number of dye molecules in the cell was
determined by summing up the cross-sections of all the particles and dividing by the cross-section for a single LPNP dye.
For the cell in Fig. 2(A) we obtained Ndye = (55 ± 4) × 106.
Fig. 3(A) shows a histogram of the cross-section per particle
for the cell experiments, taken from the analysis of 25
diﬀerent cells (note that the minimum observable crosssection in the cell experiments is 1 × 103 nm2). The average
extinction cross-section per particle is 13 800 ± 1100 nm2 for
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Fig. 3(B) shows a histogram of the total number of dye
molecules per cell, obtained by analyzing the SMS images
from all 25 cells. These results show that, under our conditions, an average of (17 ± 1) × 106 dye molecules are incorporated into the cells. This gives an eﬀective intracellular dye
concentration of approximately 10−4–10−5 M.57 However, the
standard deviation of 28% indicates considerable variation
between cells. This variability in dye loading has important
consequences for photothermal therapy since the cells will be
heated to diﬀerent degrees. The amount of heating is a critical
factor that determines the cell death pathway.58–61
There have been several recent reports of organic nanoparticles doped with non-fluorescent near-IR dyes for photothermal therapy.36–42 The SMS experiments described here
provide a way to quantitatively image these materials, which is
important for optimizing conditions for eﬀective nanoparticle
targeting. This type of quantification is not possible with fluorescence based measurements, and is only possible in Rayleigh scattering experiments in the sense that scattering allows
one to count the number of particles.13,62 A drawback of the
SMS method is that it is sensitive to refractive index variations
in the sample, which limits the detection sensitivity. A possible solution to this is to combine the SMS experiments with
PHI and develop a quantitative imaging instrument that is sensitive only to absorption. However, it is likely that most types
of nanoparticle delivery optimization experiments do not
require high sensitivity, so that the SMS experiments described
above will suﬃce.
Fig. 3 (A) Histogram of the extinction cross-section per particle for
particles incorporated into cells. A total of 771 particles were interrogated in 25 cells. (B) Histogram of the total number of dye molecules
per cell, determined from SMS experiments.

Conclusions

the cell experiments, which is significantly larger than that for
the particles that were spin coated onto a glass substrate
(7040 nm2). The inset in Fig. 3(A) shows the cross-section histogram on the same x-axis scale as the data in Fig. 1(F). Comparing the two distributions shows that 81% of the particles
spin coated onto the coverslip have cross-sections <10 × 103
nm2, whereas, for the cell experiments only 45% of the nanoobjects detected have cross-sections <10 × 103 nm2.
It does not seem likely that there is a change in the average
size and/or the amount of dye in the LPNPs when they are
incorporated in the cells, or that the cells selectively take up
larger particles from the incubating solution. Thus, we attribute the apparent increase in the particle cross-section in the
cell experiments to nanoparticle clustering. SMS is a diﬀraction-limited experiment that cannot diﬀerentiate between
particles that are closely spaced together. This apparent
clustering most likely arises because the LPNPs are concentrated within endosomes, and there are (on average) several
LPNPs per endosome (see the ESI†).49,50 These observations
are not surprising since non-targeted nanoparticles of this size
are known to be taken up by non-specific endocytosis.56

SMS has been used to analyze LPNPs doped with near-IR
absorbing non-fluorescent croconaine dye molecules. The
extinction cross-section for an average croconaine-doped LPNP
was determined to be 7040 ± 560 nm2, which corresponds to
an average number of 250 000 ± 20 000 croconaine molecules
per particle. Images of cancer cells incubated with the
croconaine-doped LPNPs provided quantitative information
about the number of dye molecules incorporated into the
cells, and also showed evidence for particle clustering within
endosomes. These results demonstrate that absorption-based
microscopy is a promising method for quantitative analysis of
dye-doped nanoparticles inside cells.46 Knowledge of dye
loading and intracellular nanoparticle location should facilitate future studies to optimize the photothermal eﬀect.62
There is emerging literature evidence that nanoparticle targeting to specific cell locations such as the mitochondria leads
to enhanced cell death.63 SMS imaging should be an
eﬀective tool to evaluate the success of LPNP targeting strategies to reach these intracellular targets. Another longterm goal is to develop photothermal therapy procedures that
use parameters such as nanoparticle location, laser fluence,
and irradiation duration to control the mechanism of
cell death which may open new avenues for cancer
immunotherapy.60
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SMS imaging
A schematic of the experimental set up for SMS is shown in
Fig. 4(A). The laser source was chosen depending on the
absorption spectrum of the system being studied. The available wavelengths were 532 nm (Coherent Verdi V-5 diode
pumped solid-state laser), and 637 nm and 785 nm (Coherent
OBIS diode laser modules). In all experiments the laser beam
was directed to a homebuilt microscope system using a galvoscanning mirror system (GSMs, Thorlabs, GVS 012). A high NA
(Olympus UPlan FLN, 100×, 1.2 NA) microscope objective
focused the incident beam onto the sample. The transmitted
beam was collected using a second high NA microscope objective (Olympus UPlan FLN, 60×, 0.9 NA), and the transmitted
power was measured by a silicon photodiode (ThorLabs,
PDA36A). 4f lens systems were used to project the beam from
the GSMs to the back aperture of the focusing objective, and
from the back aperture of the collecting objective to the detector. Bright field images of the samples were recorded using a
white light source (ThorLabs, OSL1) and a CMOS camera
(ThorLabs, DCC1645C). Absorbance spectra of the free croconaine dye in solution, and the dye incorporated into the
LPNPs are presented in Fig. 4(B). Corresponding spectra for
SRfluor680 dye, and the croconaine/SRfluor680 co-doped
LPNPs are presented in the ESI.†

Paper

For the SMS experiments the beam position at the
sample was modulated using the GSMs.51,52 This creates a
modulation in transmitted power ΔP when a nano-object is
at the focus of the microscope, which is measured by a lockin amplifier (Stanford Research Instruments, SR830). The
total transmitted power P is measured simultaneously using
a digital voltmeter (Keithley, 2000 Multimeter). The typical
modulation amplitude used in our experiments was 500 nm.
The deflection distance for the GSMs was calibrated using a
ruled microscope slide (Edmund Optics, 200 LPMM). The
accuracy of the SMS measurements was checked by recording data for Au nanoparticles (see the ESI†). The Au nanoparticle size distribution determined by SMS was found to
be equivalent to that measured by TEM, implying that the
system was properly calibrated. SMS images were obtained
by either raster scanning the sample through the laser spot
using a piezo-stage (Physik Instrumente), or by scanning the
beam over the sample using the GSMs. Typically, a lock-in
time constant of 10 ms was used with a 30 ms integration
time between steps, and a step size of 0.1 or 0.2 μm. The
power impinging on the sample was controlled via a variable
neutral density filter (ThorLabs, NDC-50C-2M). The spot
size in the experiments was measured both by the CMOS
camera and by fitting the SMS signal to eqn (1), and was
found to be w0 = 900 nm. This value is relatively large considering the NA of the focusing objective, and arises

Fig. 4 (A) Schematic of the spatial modulation imaging set up. BE = beam expander, BS = beam splitter, GSMs = Galvo-scanning mirrors, 4f = 4f
lens system, ND = neutral density ﬁlter, PZS = piezo scanner, PD = photodiode, DVM = digital voltmeter. (B) Absorbance spectrum of the free croconaine dye in solution and of the dye incorporated into the LPNPs. (C) Structure of croconaine dye. (D) Structure of red ﬂuorescent SRﬂuor680 dye.
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because we did not use microscope immersion oil for these
experiments.
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Nanoparticle preparation
The dye-loaded lipid polymer nanoparticles (LPNPs) were synthesized using an established procedure.36,37,40,42 Stock solutions of lecithin and MPEG-DSPE(2000) were each prepared as
1 mg mL−1 in 4 wt% ethanol and stored at 4 °C. The stock
solution of PLGA (lactide : glycolide 50 : 50, ester terminated,
MW 7000–17 000) was 2.5 mg mL−1 in acetonitrile. To synthesize the nanoparticles, lecithin stock (12.5 μL) and
MPEG-DSPE(2000) stock (200 μL) were added to deionized
water (3.7 mL). Solid organic dye (2.0 mg) was dissolved in
PLGA stock (400 μL) and slowly added dropwise, such that the
final weight ratio was 0.0125 : 0.2 : 2 : 1 lecithin : DSPE-PEG
(2000) : dye : PLGA. The mixture was sonicated using a probe
sonicator for 5 min (20 kHz, 130 W) and the resulting nanoparticle suspension was washed 3 times (4000g, 30 min each
time) using an Amicon Ultra-4 centrifugal filter (MWCO
10 kDa) and HEPES buﬀer (10 mM HEPES, 100 mM NaCl,
pH 7.4) to remove remaining organic solvent and dye. The
resulting dispersion of dye-doped LPNPs was spin coated onto
#1 glass coverslips for the microscopy experiments. The
majority of the experiments were performed with croconaine
doped LPNPs, and UV-visible absorbance spectra of free croconaine dye, and the dye encapsulated in the LPNPs are presented in Fig. 4(B). Fig. 4(C) and (D) show the chemical
structures of the two dyes (croconaine and SRfluor680) used in
the experiments.
Cell studies
EMT-6 (ATCC CRL-2755) carcinoma cells were seeded at 70%
confluence on 8-chamber covered slides (Lab-Tek) in Waymouth’s media (Life Technologies) with 15% FBS, 1% Streptomycin, 1% Penicillin and allowed to adhere for 24 hours at
37 °C and 5% CO2 over air. The media in each well was
replaced with a solution containing 40 μL of LPNP and 960 μL
of media (OD800 = 0.04). After 24 hours, the media was
removed and the cells were washed once with PBS ( pH 7.4).
The treated cells were detached from the slide with 0.25%
trypsin for 5 minutes and transferred to an Eppendorf tube followed by fixation with 10% formalin in PBS for 10 minutes.
The cell suspension was centrifuged (3000 rpm, 10 min) to
form a pellet, washed twice, and resuspended in 500 μL MilliQ
water. A drop of the suspension was allowed to dry for one
hour at room temperature on #1 glass coverslips for imaging.
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